Classically, mitochondria have been studied by biochemical, genetic and electron microscopic approaches. In the last two decades, it became evident that mitochondria are highly dynamic organelles that are frequently dividing and fusing, changing size and shape and traveling long distances throughout the life of a cell. The study of the complex structural changes of mitochondria in vivo became possible with the advent of fluorescent labeling techniques in combination with live cell imaging microscopy. This review aims to provide an overview on novel fluorescent markers that are used in combination with mitochondrial fusion assays and various live cell microscopy techniques to study mitochondrial dynamics. In particular, approaches to study the movement of mitochondrial proteins and novel imaging techniques (FRET imaging-, 4Pi-and STED-microscopy) that provide high spatial resolution are considered.
Introduction
Since the identification of mitochondria by electron microscopy in the 1950s, it has been become clear that sometimes mitochondria exist as a single elaborate network and at other times they become fragmented [1] [2] [3] . Mitochondria continuously move, divide and fuse in a highly regulated fashion. The investigation of the close relationship of mitochondrial dynamics with numerous cellular processes as documented in this special issue would not have been possible without the use of fluorescence microscopy as a tool to visualize mitochondrial dynamics in vivo.
Next to the mitochondrial dynamics at the level of the whole network, the mitochondrial inner structure is reorganized upon various stimuli [4] . Comparatively little data are available on the movement of proteins within mitochondria and even less is known about the regulation of innermitochondrial protein movement; likely, live cell microscopy will be an indispensable tool to elucidate this level of mitochondrial dynamics.
The enormous popularity of live cell imaging has been driven by the advancements in two fields: The advent of fluorescent probes to specifically label individual proteins and the development of an array of microscopic technologies to image live cells in time and space. Excellent in-depth descriptions of commonly used widefield, confocal and deconvolution systems as used in many laboratories are given elsewhere (see [5, 6] and references therein). This review highlights some of the past achievements and briefly discusses the current and emerging technologies and strategies that are, or may be, used to visualize mitochondrial dynamics in vivo. Although this review focuses on the application of these techniques to the analysis of mitochondria, most of the described approaches are evidently equally well suited to look into other cellular compartments.
Stains
Mitochondria are generally difficult to visualize using phase contrast or differential interference contrast optics. Hence over the last decades several vital stains have been identified to specifically label mitochondria in live cells. The uptake of most of these dyes into mitochondria is dependent on an intact mitochondrial membrane potential. Some of the mostly positively charged, lipophilic fluorescent dyes change their fluorescence emission depending on the immediate environment and may therefore be used to make qualitative, or even quantitative, measurements of mitochondrial membrane potential. The use and properties of such stains are expertly covered elsewhere [7] [8] [9] . Table 1 provides an overview of the commonly used vital stains for mitochondria.
However, since these stains label mitochondria or their membranes on the whole, they are generally not suitable for the microscopic investigation of the spatial and temporal dynamics of specific mitochondrial proteins. This task has become feasible with the discovery of the green fluorescent protein (GFP) isolated from the jellyfish Aequorea victoria.
Fluorescent proteins
GFP was discovered more than 40 years ago [16, 17] , but it was not until the cloning and heterologous expression of the GFP gene in the early 1990s [18] [19] [20] , that it attracted widespread interest. Briefly after its cloning GFP has been used to visualized mitochondria in live cells [21] . Since then, a whole panel of further fluorescent proteins (FPs) have been discovered, or generated by mutagenesis, that cover almost the entire visible spectrum [22, 23] .
A. victoria GFP is a monomer with a weak tendency to form dimers. Many subsequently found naturally occurring FPs including the red fluorescent DsRed from the coral Discosoma sp., have a strong tendency to form tetramers. When used as a fusion tag, such a tendency for tetramerization is generally a major problem, since it is likely to interfere with the functionality of the host proteins. Still, this disadvantage has been exploited. DsRed's tendency to form tetramers was used to enforce aggregation of the mitochondrial F 1 F 0 -ATPases in yeast cells [24] . DsRed, when fused to Atp3, the γ-subunit of the F 1 F 0 -ATPase, results in cross-linking of the ATP synthase complexes in vivo, which in turn induces the absence of cristae, indicating an important role of the ATP synthase complexes for the maintenance of the mitochondrial inner structure.
To eliminate the DsReds' tetramerization tendency, extensive mutagenesis has been performed [22, 25] . As a result, monomeric FPs with emission spectra covering almost the entire visible spectrum are now available. For a practical guide to choose the appropriate FP for an experiment, see [26] .
Besides the use as 'molecular bulbs', substantial efforts have been undertaken to develop FP-based sensors to monitor various cellular parameters like pH, redox potential, Ca 2+ or Cl − concentrations [23, 27, 28] . In an early report, a pH-sensitive FP-based sensor (GFP-F64L/S65T) was targeted to the mitochondrial matrix of CHO cells [29] . However, expression of this probe did not allow accurate determination of the matrix pH value because of its low pK a . This limitation was soon alleviated by the development of new pH sensitive FPs [30] [31] [32] . Abad et al. generated the GFP-based pH indicator mtAlpHi, that has an apparent pK a of ∼8.5 and that exhibits changes in fluorescence intensity upon pH shifts. Using mtAlpHi, the authors determined a matrix pH of around 8.0 in resting HeLa cells. After challenging the cells with various compounds, such Ratiometric indicator for assessment of ΔΨ m. The dye exists in two different states with different emission spectra depending on the concentration. The spectral shift occurs upon aggregate formation within the mitochondrial matrix that is dependent on dye concentration, which in turn is dictated by ΔΨ m [9, 11, 12] .
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MitoTracker and MitoFluor probes A series of mitochondrial specific stains with different properties. For details see [13] . NOA (Nonyl acridine orange) NOA binds to cardiolipin. Uptake into mitochondria is apparently not dependent on membrane potential [14] . The dye has been used for long term studies.
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Rhod 123 (Rhodamine 123) Sequestered by active mitochondria. Historically, this dye has been very popular to monitor ΔΨ m . Several limitations have to be considered when using this dye for the assessment of membrane potential [8] .
507 529 TMRE (Tetramethylrhodamine ethyl ester) and TMRM (Tetramethylrhodamine methyl ester)
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574 (573) as the Ca 2+ inonophores ionomycin or A23187, a matrix acidification was recorded [31] . Using the yellow fluorescent EYFP as a pH-sensitive probe, Porcelli et al. came to a similar value (∼7.8) for the matrix pH in resting ECV304 cells and estimated the pH in the intermembrane space to be around 6.9 [32] . The redox-sensitive ratiometric probe roGFP targeted to the mitochondria of HeLa cells revealed a highly reducing matrix, with a midpoint potential near −360 mV [33] . Likewise, tremendous progress has been achieved in measuring Ca 2+ concentrations in live cells using geneticallyencoded fluorescent indicators based on various GFP variants (camgaroo, pericam, and cameleon probes, see [34] and references therein).
Recently, a comprehensive collection of budding yeast (Saccharomyces cerevisiae) strains expressing full-length, chromosomally tagged GFP-fusion proteins has been generated [35] . In this study, 527 GFP tagged proteins were microscopically identified to be localized to the mitochondria. Although some of these fusion proteins might be mislocalized due to the fusion tag, it can be concluded that more than 50% of the up 1000 mitochondrial yeast proteins [36] [37] [38] [39] can be C-terminally tagged with GFP and visualized. It should be noted, however, that many of these GFP tagged proteins are only weakly expressed from their endogenous promoters; hence visualization of such fusion proteins might prove to be a technical challenge. And, of course, proper localization does not necessarily imply full functionality of the fusion protein.
Those mitochondrial proteins that do not tolerate a C-terminal FP tag likely require more elaborate cloning strategies, since the common N-terminal targeting signals of mitochondrial proteins frequently impair N-terminal fusions.
Aside from the cloning problems, two possible shortcomings might be associated with the use of FPs: Their rather large mass of ∼28 kDa, and their limitation to a single, genetically encoded function. Several GFP-independent tagging strategies have been emerging recently to tackle these potential shortcomings.
4. Tag-mediated in vivo labeling of fusion proteins with small molecules Alternative strategies that are based on a tag-mediated labeling of fusion proteins with synthetic (fluorescent) molecules have been covered by several excellent reviews [40] [41] [42] [43] [44] . Because of the numerous reviews on this topic, only three commercially available tag-mediated labeling systems will be briefly discussed here.
The first approach to specifically label fusion proteins with synthetic molecules was the biarsenical tetracysteine method introduced by the Roger Tsien laboratory [45] . It is based on the formation of stable complexes between biarsenical compounds such as the green fluorescent FlAsH or the red fluorescent ReAsH to peptides containing the tetracysteine motif Cys-Cys-Pro-Gly-Cys-Cys [45, 46] (Fig. 1A) . FlAsH and ReAsH are sold as LumioGreen and LumioRed (www. invitrogen.com). The tetracysteine motif that may be as small as 6 amino acids is potentially less perturbative than the incorporation of a FP [47] [48] [49] , thus this method elegantly combines the advantages of site-specificity with a small tag. Besides, the currently available biarsenical-tetracysteine labels offer additional potential applications, including correlative fluorescence and electron microscopy, and chromophoreassisted light inactivation for spatially restricted inactivation of proteins. Reportedly, a potential disadvantage of the method is strong nonspecific binding of the fluorophores, frequently observed in mammalian cell culture cells [50, 51] . In budding yeast, however, very low non-specific staining was observed [48] . The Tsien group optimized the flanking sequences of the tetracysteine motif, thus further improving the affinity of the tag for biarsenical compounds [52] . The tetracysteine tagged α subunit of the mitochondrial F 1 F 0 ATP synthase (Atp1) was visualized in live budding yeast cells after labeling with FlAsH [48] . We have used ReAsH and FlAsH to label several mitochondrial proteins for time-lapse microscopy (C. Wurm, M. Andresen, S. Jakobs, unpublished). Hence the system is clearly suitable for the labeling of mitochondrial proteins, at least in yeast. However, since FlAsH and ReAsH are both prone to photobleaching, their suitability for extended time-lapse imaging or visualization of rare proteins has still to be evaluated.
Other strategies for tag-mediated protein labeling involve covalent labeling of fusion proteins in vivo. Kai Johnnson's group reported that benzylguanine (BG) derivatives can be used to irreversibly and specifically label proteins fused to human O 6 -alkylguanine-DNA alkyltransferase [53] [54] [55] (Fig.  1B) . This tag has a size of 182 amino acids (aa), so it is slightly smaller than GFP (238 aa), but much larger than a tetracysteine motif tag (6 aa). This approach has been successfully employed to label proteins in different compartments of mammalian cell lines [55] as well as in the nucleoplasm of the microaerotolerant protozoan parasite Giardia intestinalis [56] . To our knowledge, no labeling of mitochondrial proteins with BG derivatives has been reported as yet. Several fluorescent BG derivatives are commercially available (Snap-tag; www.covalys.com).
A conceptually similar strategy (Halo-tag; www.promega. com) is based on the use of a halogen dehalogenase from the bacterium Rhodococcus rhodochrous as a tag. Neither eukaryotic cells nor E. coli possess alkyl dehalogenases, so specific covalent labeling is likely to be possible in many organisms. However, with 293 aa, the tag is rather large and the approach has not been evaluated for many applications.
Despite their obvious potentials, none of the tag-mediated in vivo labeling strategies have found widespread use for the visualization of cellular proteins (not to speak about mitochondrial proteins) as yet. Hence, this review focuses on the imaging of mitochondrial FP-fusion proteins.
Imaging mitochondrial motion
Mitochondria are highly dynamic organelles. Their movement has been imaged from the level of the mitochondrial network as a whole down to the intrinsic movement of single enzymes or protein complexes. Some of the microscopic strategies that are used for the recording of these movements, which may differ in the examined time scales or distances by several orders of magnitude, will be highlighted in the following.
4D imaging
Mitochondria form highly dynamic interconnected tubular networks that continually change their position and shape and travel long distances on cytoskeletal tracks [1, 2] . The spatiotemporal dynamics of the mitochondrial network in mammalian cells [21, [57] [58] [59] , plants [60, 61] , yeast [3, [62] [63] [64] , or in programmed cell death [59, 65, 66] has been investigated in numerous studies.
The most complete representation of the dynamic and spatially complex structure of mitochondria is achieved by recording the image data in three spatial dimensions over time (four-dimensional (4D) imaging) [67, 68] . For a comprehensive review on the technical requirements for 4D microscopy see [69] and references therein. Currently, most studies on mitochondrial dynamics rely either on widefield fluorescence or various types of confocal laser-scanning microscopy.
The image data recorded with widefield fluorescence microscopes have inevitable a poor optical resolution along the z axis. To partly compensate for this drawback, widefield data-sets are frequently deconvolved to provide a better spatial resolution in the final 4D stacks. The deconvolution requires, next to a sufficient signal-to-noise ratio and a good knowledge of the intensity distribution in the focus, some computational efforts. Confocal laser scanning microscopes, in contrast, excite the fluorophores by moving a single focus (in case of point scanning systems) or an array of foci (spinning-disk systems) over the specimen. Confocal microscopes detect only fluorescence from the focal plane by rejecting the out-of-focus blur, thus performing optical sectioning by physical means. Hence confocal microscopes generate spatial resolution along the zaxis without the need of computer-assisted deconvolution (although it is possible and often advisable to deconvolve confocal data-sets to further increase the attained resolution in the final images). With confocal microscopes the attainable resolution within the optical plane is only slightly higher, if at all visible, compared to widefield microscopy. Their predominant advantage is the removal of out of focus blur.
A major concern in 4D live cell imaging is the limited number of photons that can be acquired from a specimen. A single FP typically undergoes on average 1.3 × 10 4 to 10 5 absorption cycles until it is irreversibly photobleached [70] . Therefore, the number of fluorescence images that can be taken from a cell is ultimately limited. Increasing numbers of FPfusion proteins targeted to a mitochondrion may increase the maximum amount of obtainable images. However, overexpression of functional fusion proteins frequently has an influence on mitochondrial structure. Similarly, high level expression of FPs fused to targeting sequences for the inner or outer membrane often interferes with mitochondrial morphology. Nonetheless, mitochondria seem to tolerate very high levels of freely diffusing FPs in the matrix. Hence most studies analyzing mitochondrial network dynamics over extended time periods relied on FPs targeted to the mitochondrial matrix, typically by fusion of the FPs to the presequences of human cytochrome c oxidase subunit VIII, yeast Cox4 or subunit 9 of the Neurospora crassa F 0 -ATPase [21, 71, 72] . Although time-lapse microscopy is an extremely powerful tool to follow the dynamic changes of a mitochondrial network as a whole, it often fails to distinguish between tubule fusion and close spatial proximity of tubules, or to monitor the movement of tagged proteins within mitochondria. To overcome these limitations, a number of additional strategies have been developed.
Fusion assay
An elegant assay for mitochondrial mixing in budding yeast cells was developed by Nunnari and colleagues [3] . In the original experiments, mitochondria in haploid cells of opposite mating types are labeled with either a mitochondrial matrix targeted GFP or a mitochondrial-specific red fluorescent vital dye. Subsequently, the intermixing of the two mitochondrial labels is monitored microscopically during mating of the cells. It was found that the parental mitochondrial proteins were redistributed rapidly throughout the zygotes, providing unequivocal evidence that mitochondria fuse and that their contents intermix. Soon after the discovery of DsRed, a matrix targeted variant of this red fluorescent protein was utilized to replace the red fluorescent vital dye in the assay [73, 74] . Since its first description, the fusion assay has been widely used to functionally characterize proteins involved in mitochondrial fusion, fission and inner membrane remodeling in yeast (e.g., [75] [76] [77] [78] [79] ).
Similar fusion assays have been developed for plant protoplast [80] and for human cell lines [81, 82] . For mammalian cell lines, as in the yeast assay, cells carrying differently labeled mitochondria were mixed and plated on glass coverslips. Cell fusion was induced by treatment with polyethylene glycol [81, 83, 84] or by using a hemagglutinating virus [82] (Fig. 2A) . These studies showed that mitochondrial fusion in human cells is efficient, and that complete intermixing In the latter region, a decrease in the fluorescence signal is due to the connectivity to mitochondria of the bleached region. (E) Photoactivation/Photoconversion. Mitochondrial targeted photoactivatable proteins (e.g., PAGFP or Kaede) are highlighted by a pulse of intense laser light in a spatially defined region (h·ν). Subsequently the movement of the highlighted proteins is followed over time.
of the matrix contents is achieved in less than 12 h [81] . Fusion of mammalian mitochondria requires an intact mitochondrial inner membrane potential but is independent of a functional cytoskeleton [84] .
Fusion assays are not restricted to the use of matrix-targeted FPs, but have also been carried out with markers targeted to other mitochondrial sub-compartments such as the inner and outer membranes. By employing this strategy, Malka et al. demonstrated that in human cells, fusion of inner and outer membranes are separate events in vivo [85] .
FP-fragment reassembly
Most fluorescent proteins, when split into an N-and a Cterminal fragment do not associate to give a reassembled FP upon co-expression. Remarkably, however, if the fragments are fused to strongly interacting protein domains, like for example antiparallel leucine zippers, association and fluorescence of the split FP are achieved in vivo [86] [87] [88] . The fluorescence signal of the re-associated split FP is a very sensitive measure for interactions of the domains because a functional fluorophore is only generated after the protein domain assisted association of the two FP-fragments. Variations of this scheme have been used to study protein-protein interactions based on split GFP [86, 89] or split CFP and split YFP [87, [90] [91] [92] .
Cabantous et al. have engineered soluble fragments of GFP that self-associate without the requirement for interacting fused domains [93] . Neither fragment on its own is fluorescent. When mixed, the small and the large GFP fragment spontaneously associate, resulting in GFP folding and formation of the fluorophore. It can easily be anticipated that the two split GFP fragments may be targeted to the mitochondrial matrices of different cells. Upon cell fusion, the fusion of the mitochondrial networks would be detectable by a de novo fluorescence signal of the associated split-GFP (Fig. 2B) . This is expected to give a very sensitive readout measure, because the signal-to-noise ratio (in this case a fluorescence signal versus no fluorescence) is likely to be very favorable. Although this variant of a fusion assay has not been, to our knowledge, experimentally realized as yet, we propose that the use of a split-GFP system is an interesting alternative to monitor mitochondrial fusion.
Apart from mere analyzing mitochondrial fusion, these cellular assays might be combined with functional FP-fusion proteins to investigate the movement of specific protein complexes within mitochondria. However, the requirement for chemically induced cell fusion in mammalian cells precludes data collection under normal growth conditions or during dynamic changes of growth conditions. Hence alternative strategies to investigate the movement of FP labeled proteins within mitochondria in vivo may rely on the spatially defined deliberate photobleaching of FP fluorescence.
Fluorescence recovery after photobleaching
Fluorescence recovery after photobleaching (FRAP) has been developed in the pre-GFP era to investigate the diffusion of molecules in living cells [94] [95] [96] [97] [98] . This strategy has witnessed a renaissance after the introduction of GFP and commercially available confocal microscopes [99] [100] [101] [102] . FRAP is now frequently used to determine the intracellular movements of tagged proteins provided the motion is over distances resolvable by light microscopy.
In its classical form, a region of interest is selectively photobleached using intense laser light and the recovery that occurs as molecules move into the bleached region is monitored over time with low intensity excitation light (Fig. 2C) . Careful analysis of the fluorescence recovery in the photobleached region can provide information on the diffusion constant, transport rate, mobile/immobile fraction, or binding/dissociation rates of the FP-tagged protein. A number of variations of this scheme have been successfully applied, including inverse FRAP (iFRAP), where the molecules outside a region of interest are photobleached and the loss of fluorescence from the nonphotobleached region is monitored over time [100, 103] . Another variation is fluorescence loss in photobleaching (FLIP). In FLIP experiments, a small region of interest is repeatedly photobleached with high light intensities while the rest of the cell is imaged with low light intensities (Fig. 2D ). This approach is particularly suited to determine the connectivity of mitochondrial networks. In a FLIP experiment, those parts of the network that are luminally connected to the region being bleached gradually lose fluorescence due to lateral movement of mobile FP tagged proteins.
Surprisingly, the discussion on mitochondrial connectivityDo mitochondria exist as discrete organelles within the cells or is the mitochondrial network a contiguous entity similar to the endoplasmic reticulum?-has not resulted in a consensus yet. Luminal continuity of the mitochondrial compartment likely has far reaching consequences on many cellular processes. A luminally contiguous mitochondrial network would possibly allow 'Ca 2+ tunneling' akin to the ER throughout the cell [104] . Furthermore, an electrically continuous mitochondrial network may allow 'energy transmission' across the cell [105] .
Using non-confocal deconvolution imaging in combination with long-term (30 min) FRAP experiments, Rizzuto et al. observed a largely connected, continuous mitochondrial network in HeLa cells [106] . These early findings have later been contradicted by other FRAP studies on several human cell lines including HeLa, employing shorter time-scales, pointing to mitochondria that exist in separate entities at a given point in time [58, 107] . Similarly, photobleaching experiments on pancreatic acinar cell revealed distinct groups of mitochondria that were not luminally connected [108] . Apparently, the level of mitochondrial connectivity varies substantially between cell types and upon environmental conditions. FRAP has an enormous, albeit in the mitochondrial field largely disregarded potential to investigate the diffusion kinetics of functional tagged proteins. Partikian et al. demonstrated that GFP targeted to the mitochondrial matrix of mammalian cells has diffusion coefficients of 2-3 × 10 −7 cm 2 s −1 , which is only 3-to 4-fold less than that for GFP in water [109] . Hence somewhat surprisingly, the infoldings of the cristae do not pose a major obstacle for the free diffusion of matrix proteins. In fact, the observed unobstructed diffusion is in line with computer simulations predicting that barriers introduced by cristae would have only minor effects on the diffusion rates [110] . However, the mitochondrial matrix appears to be the most crowded aqueous cellular compartment with protein concentrations larger than 300 mg protein/ml [111, 112] . Such a high protein concentration is expected to severely reduce free diffusion. Hence, an intriguing possibility for the observed fast GFP diffusion in the matrix is that a large proportion of the matrix resident proteins are organized in membrane associated clusters, leaving a relatively protein-free matrix that allows free diffusion of solutes. In line with this argument, two subunits of the fatty acid β-oxidation multienzyme complex residing in the matrix were observed to be essentially immobile [109] . Furthermore, FRAP-analysis of four proteins involved in the tricarboxylic acid cycle (malate dehydrogenase, citrate synthase, isocitrate dehydrogenase and succinyl-CoA synthetase) revealed similar diffusion rates, despite different molecular weights of the individual proteins. Each of these four proteins were found partly in an apparently immobile pool and partly in a mobile pool with a diffusion coefficient ∼4-fold lower than that of unconjugated GFP [113] . Such a 4-fold slowed diffusion rate indicates that the respective proteins are associated in a large macromolecular complex of ∼1.7 MDa.
To our knowledge, no data on the mobility of mitochondrial integral membrane proteins have been published so far. It is easy to predict that many surprises on the regulation of the diffusive behavior of mitochondrial proteins await their discovery.
Photoactivatable proteins
Photoactivation, as opposed to photobleaching, is a complementary strategy to FRAP to visualize protein dynamics in live cells. It works by converting a photoactivatable fluorescent protein (PAFP) in a (different) fluorescent state through irradiation with a brief high-intensity light pulse (for review, see [100, 114] ). Some PAFPs convert from a dark to a fluorescent state, whereas others change their emission spectrum. They may be tagged to a host protein, as any other FP, creating a functional photoactivatable fusion protein. After highlighting PAFPs in a spatially defined region of the cell, generally by using a confocal microscope, the molecules can be followed as they re-equilibrate in the cell over time (Fig. 2E) . Similar to FRAP-experiments, these time-lapse data may be used to determine kinetic parameters like the transport rate or binding/dissociation rates of the PAFP-tagged protein. The data from photoactivation experiments are generally easier to interpret than FRAP results, because after photoactivation the fate of proteins highlighted at a defined region at a specific timepoint is analyzed. However, the measured fluorescence signal in FRAP experiments is often larger, resulting in better signal-tonoise ratios.
PAFPs have been discovered only recently, hence few published studies relied on these fluorescent markers to study mitochondrial protein dynamics so far. Under low oxygen conditions, the well known GFP from Aequorea victoria and several of its variants can be used as a PAFP, because under these conditions GFP is transferred by irradiation with blue light from the green into a brightly red fluorescent state [115, 116] . Using photoconversion of matrix targeted GFP, it was demonstrated that in logarithmically growing yeast cells the mitochondrial compartment is generally luminally contiguous. Occasional small independent fragments fuse within a few minutes to the large compartment, resulting in a rapid intermixing of the mitochondrial matrix [117] . However, this green-to-red transition of GFP has only limited applications, because low oxygen conditions are required so it can only be used in facultative anaerobic organisms like budding yeast. Hence in later studies PAFPs without this limitation have been used to study mitochondrial connectivity [118, 119] . PAGFP is a variant of the A. victoria GFP that, after irradiation with intense light of near 400 nm, increases its green fluorescence ∼100 times [120] . Using matrix targeted PAGFP, Karbowski et al. quantitated mitochondrial fusion rates in cultured mammalian cells. They were able to demonstrate that during apoptosis mitochondrial fusion is blocked independently of caspase activation and they conclude that this block may be a consequence of Bax/Bak activation during apoptosis [119] . To visualize mitochondrial fusion in plant cells, Arimura and colleagues employed Kaede, which has been originally cloned from the stony coral Trachyphyllia geoffroyi [121] . In its ground state Kaede exhibits green fluorescence that can be converted to red by irradiation with intense UV light. Interestingly, they report that in onion epidermal cells mitochondrial fission is not necessarily accompanied by an equal distribution of the mitochondrial DNA, resulting in mitochondria containing various amounts of DNA within a single cell [118] . Frequent and transient fusion of mitochondria might be required to overcome the heterogeneity of DNA contents in plant mitochondria.
Photobleaching, and even more photoactivation, require relatively high expression levels of the tagged protein to provide a sufficient signal-to-noise ratio. Hence, these techniques are largely unsuited for the analysis of rare fusion proteins.
Fluorescence correlation spectroscopy (FCS)
In contrast to photoactivation/photobleaching strategies, FCS [122] [123] [124] requires only low (nanomolar or even lower) concentrations of the tagged proteins. FCS is an optical technique with single-molecule sensitivity that extracts information from fluctuations in molecule concentrations within the microscope focus. Hence FCS does not require overexpressed proteins, so it is well suited to collect data under physiological conditions. Based on the detection of fluctuations from single fluorescent molecules or proteins moving in and out of a diffraction-limited laser focus, as it can be generated in a confocal microscope, FCS has been successfully used to resolve particle dynamics within living cells (for review, [125] [126] [127] [128] ). FCS requires substantial mathematics analysis to extract the information from the obtained fluorescence fluctuation data, which is well established but generally non-trivial. Various promising conceptual extensions of FCS have been described, including fluorescence cross-correlation spectroscopy [129, 130] . Here, two spectrally distinct fluorophore tags are analyzed simultaneously as they move in and out of the focus. This technique is potentially a powerful tool to investigate proteinprotein interactions in cells. However, thus far, FCS and related techniques have indicated their potential only with few live cell model applications [128, 131, 132] . Nonetheless FCS appears to be a very promising strategy to study protein concentrations and mobility, as well as intramolecular dynamics and binding kinetics within the lumen of mitochondria. For example, because FCS can monitor protein fluctuations of very rare proteins on short spatial distances it might be the method of choice to analyze the movement of proteins in and out of the cristae lumen. Similarly, it might be used to study the dynamic assembly of the large supercomplexes that reside in this organelle. With the nowadays commercially available FCS setups, it will be exciting to see how these techniques contribute to the analysis of protein dynamics within organelles.
FRET imaging microscopy
Yet another technique to investigate protein-protein interactions is fluorescence resonance energy transfer (FRET) imaging microscopy. Protein proximities (of proteins tagged with different fluorophores) in the sub-10 nm size regime can be probed by FRET imaging microscopy. The principle of FRET was formulated by Theodor Förster already in 1948 [133, 134] , but it was not until the advent of fluorescent proteins that FRET became a popular tool in live cell microscopy. FRET is a nonradiative transfer of energy from an excited fluorophore, the donor, to a second nearby fluorophore, the acceptor. The acceptor needs to have an excitation spectrum that overlaps with the donor emission. FRET is efficient at a fluorophore distance of 1-10 nm; hence FRET may be employed as a kind of ruler to determine whether two molecules are within this distance. A comprehensive overview on various FRET techniques is given by [135] . Descriptions of the practical implementation of FRET experiments are detailed in [136] [137] [138] [139] .
Several FP pairs with overlapping emission and excitation spectra are suitable for FRET; frequently used FRET pairs include CFP (cyan fluorescent protein) with YFP (yellow fluorescent protein) or GFP with RFP (red fluorescent protein) [140] . However, the early FPs had a number of spectroscopic limitations. For example, the enhanced cyan fluorescent protein (ECFP) exhibits a low quantum yield, a low extinction coefficient and a fluorescence lifetime that is best fit by a double exponential. With the directed development of novel FP variants [22, [141] [142] [143] , the number of potential FRET pairs has markedly increased so that for most applications a suitable FRET pair should be available.
In elegant cuvette experiments, the possibilities of FRET have been exploited by Prescott and colleagues to investigate the assembly and dimerization of the yeast F 1 F 0 -ATP synthase complex [144, 145] . They monitored the dynamic changes in the spatial orientation of OSCP to subunit b, both of which are proteins of the synthase complex, tagged with BFP (blue fluorescent protein) and GFP, respectively. In an early FRET imaging microscopy study, the direct interaction of GFP-Bax with BFP-Bcl-2 in mitochondria has been demonstrated in live NIH3T3 cells [146] . In further applications of this strategy the caspase 8 mediated cleavage of Bid, which is a proapoptotic member of the Bcl-2 family was investigated [147] . To this end, functional YFP-Bid-CFP fusion proteins were expressed. By analyzing the FRET efficiency between the N-terminal YFP and the C-terminal CFP, the cleavage of YFP-Bid-CFP upon various stimuli was observed directly in live cells [147] .
Currently, nonetheless, the mitochondrial functional problem that has been mostly tackled by using FRET, is arguably Ca 2+ signaling, as expertly reviewed in [34, 148, 149] . Shortly after the introduction of GFP has a cellular probe, recombinant FP based Ca 2+ sensors were developed [150, 151] . These sensors, namely cameleon [150] and FIP-CB SM [151] exhibited a similar design; both probes consist of two different FP variants that are linked by a Ca 2+ responsive sequence element, i. e. the calmodulin (CaM)-binding peptide M13 fused to CaM [150] , or only the M13 peptide [151] . They employ a similar strategy to convey Ca 2+ concentrations: alterations of the FRET efficiency between the two different FP variants that are caused by the interaction of the Ca 2+ -activated CaM with the M13 peptide are monitored. Several improved variants of these probes have later been developed [152] [153] [154] [155] . In a series of studies, cameleons were used to monitor Ca 2+ dynamics within mitochondria [156] [157] [158] [159] [160] . It should be noted, however, that also several other genetically encoded Ca 2+ sensors have been developed, that do not rely on the analysis of the FRET efficiency and which might be advantageous for a given applications [34, 149] .
New techniques for high spatial resolution
In most cell types mitochondria have a tubular appearance. The mitochondrial tubules might be several μm long or connected to elaborated networks; however, their diameter is generally small, in budding yeast, for example, in the range of only about 350 nm [161] . Due to the spatially limited resolution power of light microscopy, these small diameters make it very challenging to investigate protein distributions within the volume of mitochondria using live cell light microscopy. With the currently available technologies, the cristae, for example, are too detailed to be recorded with light.
What is resolution anyway? Resolution is the minimal distance which a microscope can distinguish between two or more features of the same kind [162] . Therefore, resolution must not be confused with localization precision: It might easily be possible to localize a GFP-tagged protein complex with nanometer precision within an organelle, whereas a conventional widefield fluorescence microscope will fail to discriminate two GFP-tagged complexes that are 100 nm apart.
The wave nature of light imposes a seemingly fundamental limit on the resolving power of a microscope. According to Abbe, the resolution limitation is ultimately rooted in the phenomenon of diffraction [162] . Because of diffraction, focusing of light always results in a blurred spot [163] , whose size determines the resolution. Thus, the highest achievable resolution with objective lenses is ∼180 nm in the imaging plane. The resolution along the optical axis is inescapably worse; even confocal or two photon fluorescence microscopes, which stand out by their ability to provide 3D images by optical sectioning, can only distinguish fluorescent objects if their axial distance is at least 500-800 nm.
The last decade has witnessed several new developments that have greatly improved the resolution of far field optical microscopy (for review see, [164] [165] [166] ). Some of these, namely 4Pi microscopy have already been used to investigate mitochondria in vivo. Others are still emerging techniques, but arguably have the potential to image sub-mitochondrial protein or lipid distributions in live cells in the near future. Therefore, also these strategies are briefly discussed here.
Axial resolution improvement with two lenses
Conventional and confocal microscopy have a relatively poor axial resolution, because the focal spot of a single lens is at least 3-to 4-fold longer than it is wide [163, 167] . An explanation for this focus asymmetry is that the focusing angle of a lens is not a full solid angle of 4π. If it was, the focal spot would be (virtually) round. Hence an evident strategy to decrease the axial spot size is to enlarge the focusing angle of the system by employing two opposing lenses with a common focus [168] . This concept of two opposing lenses has been successfully implemented in spot-scanning 4Pi confocal [169] and widefield I 5 M microscopy [170] . Both techniques improve the axial resolution by enlarging the total aperture of the system. This is achieved by combining the spherical wavefronts of the two lenses by interference [171] [172] [173] . With these strategies, an up to 7-fold improved axial resolution could be obtained along the optical axis [173, 174] . However, thus far, only 4Pi microscopy has demonstrated live cell imaging capabilities [161, 175] . Multifocal multiphoton 4Pi microscopy (MMM-4Pi) is a 4Pi variant that uses an array of foci to scan the specimen. MMM-4Pi has been used to image the GFP labeled mitochondrial network of live budding yeast with an equilateral resolution of ∼100 nm (Fig. 3) [161] . In this study, the morphological differences between the mitochondrial compartments of cells grown either on a fermentable carbon source (glucose) or on a non-fermentable carbon source (glycerol) were analyzed in detail. With 4Pi microscopy, the lateral resolution is essentially the same as with confocal microscopy. But whereas confocal microscopy fails to accurately determine the diameter of mitochondria, 4Pi microcopy is very well suited for this task: In 4Pi microscopy the interference of the spherical wavefronts of the two excitation beams results in a modulated focus [176] . Provided that a structure is thin enough (75-500 nm) and evenly labeled with a fluorophore, like mitochondria labeled with matrix targeted GFP, the modulation of the 4Pi focus depends on the diameter of this cellular structure. Hence the 4Pi microscope can be used to determine the thinness (or thickness) of mitochondria. Using this tool, it was demonstrated that the average mitochondrial tubule diameter in budding yeast changes from 339 ± 5 nm to 360 ± 4 nm, when the cells are shifted from a glucose containing medium to glycerol as a carbon source [161] . The observed shift was also accompanied by a 3.0 ± 0.2-fold increase in the volume of the mitochondrial compartment, likely reflecting the increase of mitochondrial respiration when glycerol is the only carbon source.
4Pi microscopy appears to be a mature technique, with a proven record of applications [161, 175, 177, 178] . A commercial version of the 4Pi microscope is available (Leica Microsystems Heidelberg GmbH, Mannheim, Germany), so this technique is likely to experience a more widespread use in the future. Although 4Pi microscopy allows a 3D resolution in the 100 nm range, it is still ultimately limited by the diffraction barrier. Hence, it will not be possible to visualize detailed cristae morphologies using 4Pi microscopy, because they are well below the 100 nm limit. For this task, optical microscopy well below the diffraction barrier will be required.
Breaking the diffraction barrier
During the past decade, several physical concepts relying on reversible saturable optical fluorophore transitions (RESOLFT) have been developed by Stefan Hell and colleagues [179] [180] [181] [182] that lay the theoretical fundamentals to eliminate the resolutionlimiting effect of diffraction without eliminating diffraction. All members of the RESOLFT concept follow, in essence, a common principle to break Abbe's barrier. Strictly speaking, a focal intensity distribution with a zero-point in space effects a saturated molecular transition that -in one way or the otherinhibits the fluorescence of the dye. [164, 165] . In these schemes the resolution is only determined by the photo-physical properties of the dye. Therefore there is no theoretical limit on the optical resolution, although in practice there will be limits like, for example, the photostability of the employed fluorophores. Fig. 3 . 4Pi microscopy. Mitochondrial network of a live budding yeast cell recorded with an MMM-4Pi microscope at an equilateral resolution of ∼100 nm. The mitochondrial matrix was labeled with GFP; displayed is a surface-rendered 3D-data stack. The cell wall has been stained with calcofluor white and displayed after interactive contour tracing. The length of each arrow corresponds to 1 μm. For details, see [161] .
Stimulated emission depletion (STED) microscopy was the first successfully employed RESOLFT scheme (Fig. 4) . In stimulated emission, fluorophores that have just been excited to the fluorescence state S1 by an excitation pulse are immediately transferred by a second (STED) light pulse to the nonfluorescent ground state S 0 [179, 183] (Fig. 4A) . During this process, the fluorophore emits a photon with a wavelength corresponding to the STED-beam (hence, the term 'stimulated emission'), but no fluorescent photon. Loosely speaking, because of stimulated emission, the STED light pulse switches the already excited fluorophore off. This process is saturable, reversible and non-destructive. Importantly, STED microscopy requires not necessarily image processing and the signal intensity reflects the concentration of the fluorophores.
In its initial demonstration, STED microscopy has been realized as a point scanning system, whereby the excitation focus was a normal confocal spot and the STED focus resembled a doughnut, featuring a light intensity zero in the center [183] . [183] . In subsequent studies, STED and 4Pi microscopy have been synergistically combined to achieve a spatial resolution of ∼50 nm in the imaging of the microtubule cytoskeleton of human cell lines [184] . Recently, STED microscopy has been used to study the clustering of synaptotagmin I, a protein resident in the membrane of synaptic vesicles [185] . Hence, since STED microscopy has already been employed for a number of applications, it appears likely that it is equally suited to study protein distributions within mitochondria.
Another example for a RESOLFT scheme is the saturation of the excited state itself (the fact that once the irradiation is intense enough to raise most fluorophores to the excited state, further intensity increases will not yield proportionate increases in the fluorescence emission) [186] . Saturation of the excited state combined with structured illumination has been used to create superior images of fluorescent beads spread on a cover slip with a 2D resolution of less than 50 nm [186, 187] . Substantial computation, however, is required to obtain the final images. So far, this method has not been extended to 3D applications. Thus the coming years will show whether this method will be applicable for live cells and 3D imaging as well.
Very recently photoswitching of reversible switchable fluorescent proteins (RSFPs) has been demonstrated experimentally to be a mean to break the diffraction barrier [182, 188] . With asFP595 and Dronpa, two RSFPs have been described so far [189, 190] . The RSFP asFP595 may be transferred by green Fig. 4 . STED-microscopy. (A) Molecules in the fluorescent state S 1 return to the ground state S 0 by spontaneous fluorescence emission. Return to S 0 may also be optically enforced through stimulated emission. To prevail over the spontaneous emission, stimulated emission depletion of the S 1 requires relatively intense light pulses with durations of a fraction of the S 1 lifetime. (B) Schematic of a point scanning STED-microscope. Excitation and STED are accomplished with synchronized laser pulses focused by a lens into the sample, sketched as green and red beams, respectively. Fluorescence is registered by a detector. Intensity distributions in the focus are shown at the bottom: The diffraction limited excitation spot (left) is overlapped with the doughnut shaped STED spot featuring a central intensity zero (center). Saturated depletion by the STED beam reduces the region of excited molecules (right) to the very zero-point, leaving a fluorescent spot of subdiffraction dimensions. The (measured) images on the left and right depict the confocal and the sub-diffraction-sized spot left by STED, respectively. Note the doubled lateral and 5-fold improved axial resolution of STED over confocal microscopy. The reduction in dimensions (x, y, z) yields an ultrasmall volume of subdiffraction size, here 0.67 attoliter, corresponding to an 18-fold reduction compared to its confocal counterpart. In spite of using diffraction limited beams, the concept of STED-fluorescence microscopy eliminates the resolution-limiting effect of diffraction. The spot size is not limited on principle grounds but by practical circumstances such as the quality of the zero and the saturation factor of depletion. Adapted from [165] with data from [183] .
light from a nonfluorescent off-into a fluorescent on-state from which it reverts back eventually, but this transition can also be stimulated by gentle irradiation with blue light [189] . The protein may be driven through this 'on-off cycle' many times. Upon switching, asFP595 undergoes a trans-to cis-isomerization [191] . In the first proof-of-principle experiments, using purified asFP595 filled in artificially fabricated grooves, it was demonstrated that the saturable switching between the two states may be employed to surpass the diffraction barrier with very low light levels [188] . Currently, the photophysical properties of asFP595 are far from optimal, limiting its suitability for in vivo applications. Since asFP595 is a protein it is likely possible to improve asFP595's switching characteristics by mutagenesis. Because RSFPs are suited as genetically encodable tags like any other FP, they potentially open up a plethora of novel experimental strategies. Hence, reversible switchable proteins might be another very promising strategy for cellular imaging below the diffraction barrier.
Currently, STED microscopy is the most mature of these new techniques. But even STED microscopy is still a young approach. So it is likely to take some more years before these techniques will be available to a wider community.
Conclusions and perspectives
The imaging strategies described in this review have added vastly to our understanding of mitochondrial function. Since sophisticated imaging technology is now available in many laboratories, the contributions of live cell microscopy to the understanding of the cellular role of mitochondria will certainly continue.
Clearly, research in specialist' laboratories will persist to drive new innovations in imaging technologies. Fast and sensitive microscopes that allow a routine study of single molecules in live mitochondria would open up new research fields. Similarly, STED-4Pi microscopy already has provided an (axial) resolution of 50 nm in fixed cells [184] . Since published data imply the possibility of producing spherical focal volumes of 30 nm diameter [185, 192, 193] , this value is more of a starting point than a limit. The availability of an optical microscope with an equilateral resolution of less than 50 nm may have a dramatic influence on our understanding of mitochondria, since it potentially would allow the study of sub-mitochondrial structure and dynamics in vivo.
